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Abstract Environmental DNA (eDNA) analysis is a technique for detecting organisms based on genetic
material in environments such as air, water, or soil. Observed eDNA concentrations vary in space and time due
to biological and environmental processes. Here, we investigate variability in eDNA production and loss by
sampling water adjacent to a managed population of non‐native cetaceans on a near‐hourly timescale for 48 hr.
We used diverse sampling approaches and modeling methods to describe time variability in observed eDNA
concentrations and then compare the magnitude of production and loss mechanisms. We parsed production and
loss in a conceptual box model and compared biological and physical loss rates using a decay experiment and a
physical transport‐and‐diffusion tracer model. We then evaluated eDNA concentrations along a transect away
from the animal enclosure in light of model parameter estimates. We conclude that eDNA production is best
conceptualized using a time‐varying mixed‐state model, and biological losses are small relative to physical
losses in the marine environment. Because physical loss is unsteady and nonlinear, tracer models are especially
helpful tools to estimate it accurately.

Plain Language Summary Environmental DNA (eDNA) is the genetic material of animals, bacteria,
or plants that can be found in air, soil, or water samples. Using eDNA for marine ecology is complicated,
however, because animals may shed DNA at irregular rates and once shed, eDNA is moved by ocean currents
and broken apart by microbes. To better understand the fate of eDNA, we sampled water repeatedly near an
enclosure of non‐native dolphins in Hood Canal, Washington to see how much eDNA concentrations changed
hourly over 2 days. We compared models built on different explanations for dolphin eDNA variability.
Observations were best explained by a model where dolphins shed DNA at steady background rate but could
occasionally shed large amounts of eDNA (presumably through defecation). In that model, over half of eDNA
was lost each hour. To distinguish biological and physical loss rates, we estimated degradation in the lab and
ocean current transport and diffusion using an ocean model. The diffusion rate from the ocean model matched
observed eDNA better than biological decay rates, which were much lower. By better understanding how eDNA
is produced and where it goes in the ocean, we can better interpret our eDNA measurements to learn about
marine ecosystems.

1. Introduction
Environmental DNA, or eDNA, is the genetic material from organisms found in air, soil, or water samples. Rapid
advances in technology have made eDNA an attractive tool to complement traditional approaches for stock
assessment (Fukaya et al., 2020), invasive species detection (Keller et al., 2022), measuring ecological response
to environmental intervention efforts (Allan et al., 2023) and more. Animal species produce eDNA idiosyn-
cratically (Allan et al., 2020) and eDNA evolves after being shed by the animal (Goldberg et al., 2016), leading to
high temporal and spatial variability (Ely et al., 2021; Jensen et al., 2022). The mechanisms affecting eDNA
concentration are not always clear. Production and loss are affected by a combination of biological processes
(e.g., shedding rate which can depend on abundance or biomass of the target species (Allan et al., 2020; Jo &
Yamanaka, 2022), aggregation (Yates et al., 2023)), molecular processes (e.g., decay of genetic material (Collins
et al., 2018)), environmental processes (e.g., oceanic transport and diffusion (Fukaya et al., 2020; Kutti
et al., 2020; Murakami et al., 2019), and sinking of cells (Allan et al., 2021)). A mechanistic framework for
understanding the dynamics of eDNA in the field requires, at minimum, terms for production, loss, and process
variability. Here, we build a conceptual box model by assuming our stationary samples over time are
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representative of the mean eDNA concentration in the near surface environment (upper 2 m) over a horizontal
scale of about 10 m. We further elaborate production and loss terms to illustrate the details of particular interest.

The only source of eDNA to the conceptual box is shedding of genetic material, hereafter “eDNA production.”
However, eDNA production is hard to measure and consequently, many aspects of eDNA production remain
poorly understood. In particular, the degree to which production varies over time has not been well studied,
because laboratory eDNA shedding experiments often use models assuming steady state eDNA concentrations
(Allan et al., 2020; Jo & Yamanaka, 2022). Further, there are no eDNA production estimates for marine mammals
due to the logistical difficulty of keeping large animals in tanks or pools long enough to reach steady state.

Mechanisms for eDNA loss may be biological or physical. Here, eDNA loss describes decreases in detected
eDNA concentration in the conceptual box. Biologically, eDNA concentration may decrease due to molecular
degradation. Over time, eDNA degrades into smaller fragments that eventually become too short to amplify
reliably with molecular methods (Allan et al., 2020; Collins et al., 2018). Environmental DNA decay rates are
measured empirically by isolating water that starts with detectable target species eDNA and resampling over time
until the signal is no longer detectable (Allan et al., 2020). Most often, decay is modeled as a first order log‐linear
process with published estimates of decay rate constants ranging from approximately 0.01–0.1 hr− 1 (Allan
et al., 2020; Collins et al., 2018; Jo et al., 2019). More recently, a two‐phase model of degradation has been
proposed wherein coral eDNA was found to decay at an elevated rate until a breakpoint, after which the
degradation rate slowed (McCartin et al., 2022). Grazing by microbial organisms is generally thought to be the
dominant decay mechanism, which degrades eDNA faster at higher temperatures due to microbial community
composition (Allan et al., 2020; McCartin et al., 2022).

The physical mechanisms for eDNA loss include transport and diffusion of material by ocean currents. Transport
is the process by which eDNA is moved by flowing water away from the source organism, and diffusion is the
process by which turbulence and differential transport disperse genetic material into a lower concentration over a
larger volume. Vertical transport due to circulation and settling is likely to be slower in most cases than diffusion
and lateral transport (Allan et al., 2021). Resuspension, which is important in streams (Shogren et al., 2017), is
likely to be unimportant for surface sampling of deeper freshwater and marine environments, which can be
hundreds or thousands of meters deep. Rates of diffusion and transport are the product of local rivers, weather,
tides, and topography, which are unique to each study region and not generalizable. In streams or marine systems
with relatively constant mean flow rate, the effects of transport and diffusion of genetic material from a source
population can be simplified into a one dimensional, steady state analytical model with varying success (Cerco
et al., 2018; Lutscher et al., 2005; Shea et al., 2022; Shogren et al., 2017, 2019). In the next level of complexity,
numerical model systems exist to simulate eDNA transport and diffusion through unsteady and branching riverine
systems (Augustine et al., 2024; Carraro et al., 2020). However, more complexity is needed to model marine
environments, which have currents that are neither unidirectional nor reasonably approximated as one‐
dimensional, such as tidally dominated fjords (Baetscher et al., 2024; Kutti et al., 2020) or bays (Fukaya
et al., 2020; Murakami et al., 2019). To handle the complexity of these environments, primitive equation hy-
drodynamic models have been used to model eDNA transport and diffusion in time‐varying three‐dimensional
current environments coupled to tracer models (Fukaya et al., 2020; Kutti et al., 2020; Xiong et al., 2025;
Yamamoto et al., 2016). Multiple studies have noted that eDNA loss observed in the field is many times faster
than lab‐measured degradation, indicating that environmental transport and diffusion are likely to be the dominant
loss mechanisms in many real‐world environments (Ely et al., 2021; Murakami et al., 2019; Shogren et al., 2019).
However, a quantitative assessment of eDNA production and loss mechanisms in the field is lacking.

Here, we aim to address this gap in our understanding of eDNA production and loss by (a) distinguishing pro-
duction variability from loss variability in an eDNA time series and (b) differentiating losses from biological
degradation versus oceanic transport and diffusion. To do so, we sampled in a nearshore environment surrounding
a population of Atlantic bottlenose dolphins (Tursiops truncatus) housed along the eastern bank of Hood Canal in
Washington state, USA. Because this is a non‐native species in the Pacific Ocean, any Atlantic bottlenose dolphin
eDNA found in Hood Canal can be traced back to this population. We found that a model with variable production
rates best explained eDNA abundance, and that the loss rates estimated by the conceptual box model were best
explained by physical processes. Although we were motivated by monitoring marine mammals at a particular site,
the methodology and concepts are generalizable to eDNA time series with known point sources.
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2. Data and Methods
This study incorporated diverse data sources and analysis tools to investigate variability in eDNA production rates
and compare eDNA loss rates from different mechanisms. For clarity, we break both methods and results into two
parts. Part 1 estimated variability in production and net loss using data from near‐hourly eDNA field sampling at a
single location near captive dolphins analyzed in a box model that used reported number of dolphins in the
sampled pen as a predictor of observed eDNA concentrations. Part 2 quantified competing loss mechanisms using
a lab‐based eDNA degradation experiment, a field‐based transect sample, and a computer tracer model of eDNA
transport and diffusion.

Note that different protocols were used to sample, process, and quantify eDNA for the different parts of the study
(detailed below). In Part 1, we used an autonomous environmental sampler and followed the protocol recom-
mended by the manufacturer. In Part 2, samples were filtered with handheld vacuum pumps and preserved based
on what was most practical for the laboratory‐based decay experiment (Longmire's lysis buffer) and the field‐
based transect samples (self‐preserving filters). We used extraction protocols that were most appropriate for
each preservative. Logistically, only the samples in Part 1 could be quantified with droplet digital PCR (ddPCR).
The samples in Part 2 were quantified via quantitative PCR (qPCR) but importantly both parts used the same
molecular assay. We did not directly compare samples processed with different preservation treatments. Rather,
we compared the relative rates of change as a function of time or location of sampling derived from sets of
samples that were treated in the same way.

2.1. Description of Study Area

Hood Canal is the naturally occurring western arm of the glacially carved Puget Sound estuary, a branch of the
Salish Sea on the west coast near the U.S./Canada border. Near the study site, Hood Canal is about 2.5 km wide
and more than 100 m deep at its deepest point. Semidiurnal tides provide the strongest currents up to 50 cm s− 1.
Inputs from many small rivers create a buoyant layer in the upper 10 m with subtidal seaward flow. A shallow
(<50 m) sill at the mouth of Hood Canal can retain deep water for months between intermittent flushing events
from intrusions of oceanic water at depth (Mofjeld & Larsen, 1984).

A small managed population of non‐native Atlantic bottlenose dolphins (Tursiops truncatus) resides along the
eastern bank of Hood Canal, WA. During winter (our study period), the dolphins spend most of their time within a
closed pool with warmed water. The dolphins periodically occupy a 10 × 10 m netted enclosure open to Hood
Canal for husbandry activities (Figure 1). Both the closed pool and netted enclosure are adjacent to a large
concrete pier on the shallow eastern bank of Hood Canal in 10 m deep water (Figure 1b). Most of the pier is
constructed on pilings through which water can flow freely except for one solid section, which blocks flow
(Figure 1b). The netted enclosure allows for exchange between the enclosure and the ambient marine environ-
ment, but it is attached to the shoreward side of the solid portion of the pier and insulated from open channel
currents.

2.2. Part 1: Variability in eDNA Production and Loss Using High Frequency Time Series of Dolphin eDNA

To investigate variations in production and loss, samples were collected using an autonomous sampler adjacent to
the netted enclosure on a near‐hourly schedule over a 48 hr period and compared the observed concentration of
bottlenose dolphin eDNA with the number of dolphins occupying the netted enclosure.

2.2.1. Continuous Autonomous Water Sample Collection

We used an Environmental Sample Processor (ESP, Scholin et al. (2018); Sepulveda et al. (2020)) to autono-
mously collect water samples from a fixed location between the netted enclosure and the solid pier (separated by
1 m). The ESP was deployed inside a waterproof housing on the solid pier to facilitate access to wired power
(Figure 1a). An external sampling subsystem designed by the Monterey Bay Aquarium Research Institute
(MBARI) consisting of a submersible pump (P‐10150, 12 V Mini‐Typhoon Plastic Pump, Proactive Environ-
mental Products) connected to a phase separator/pressure sampling module with tygon tubing (Yamahara
et al., 2015) was used to bring water to the ESP. The sampling port of the ESP itself was positioned inside the
chamber of the phase separator/pressure sampling module. The intake of the pump was placed inside a piece of
open‐ended perforated 3” diameter PVC pipe that was affixed to a floating dock at ∼0.5 depth. The pump
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automatically turned on and flushed the tygon tubing for 3 min prior to each sampling event. In between every
sample, the ESP cleaned the sampling port with 0.2% sodium hypochlorite solution. A more rigorous cleaning
with a 20% bleach solution was conducted every fifth sample.

A predeployment quality control sample was collected. This quality control sample is essentially a filter blank
where the ESP filtered 2 L of NanopureTM water and applied a preservative to the filter using the same process
that was used in the field. The filter blank was used to check for any contamination that was present in the ESP
fluidics system at the beginning of the deployment and was analyzed along with samples that were collected in the
field. At the deployment location, the ESP autonomously and continuously filtered and preserved water samples
over the course of 48 hr. The target sample volume was 2,000 mL collected on 25 mm mixed cellulose ester
(MCE) filter membranes with 5 μm pore size. Once the target volume was filtered, which took an average of
37 min (standard deviation 24 s), the excess water was cleared from the filter and two applications of 2 mL of
RNAlater preservative was added to the puck, soaking the filter for 2 min each time. At the end of each appli-
cation, the excess preservative was cleared and the sample was stored onboard the ESP. The ESP was programed
to begin collecting the next sample 10 min after completing the collection and preservation of the prior sample as
well as the cleaning routine. On average, the mean time between the start of filtration for consecutive samples was
70 min (standard deviation of 3 min). Because the ESP can only process one sample at a time, each sample
consists of a single biological replicate.

Sampling began on 31 January 2023 at 00:50:18 UTC and 42 samples were collected over the 48‐hr instrument
deployment. Pump failure resulted in a reduced volume (1,875 mL) for the final sample, which ended on 2
February 2023 at 01:51:06 UTC. Preserved filters were stored onboard the ESP inside the waterproof housing at
ambient temperature (∼4–16°C) and humidity (∼50–70%) levels until the ESP was returned to the laboratory on
3 February 2023. The ESP was removed from its housing on 6 February 2023 and all filters were aseptically
recovered into 2.0 mL screw cap centrifuge tubes and stored at∼− 80°C. DNA extraction occurred within 1 week
of sample collection.

Figure 1. (a) Environmental Sample Processor (ESP) deployment relative to a netted enclosure often occupied by dolphins
for husbandry activities. (b) Dolphin enclosure locations (two white squares; north is netted enclosure and south is heated
pool) and transect sampling station locations (blue circles) relative to shoreline and piers.
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2.2.2. Quantification of Dolphin eDNA

We extracted eDNA from the filter membranes using a modified protocol of the Qiagen Blood and Tissue Kit
following Walz et al. (2019). Extracted DNA was evaluated for the presence of chemical or environmental PCR
inhibitors by spiking an internal positive control (IPC) into the qPCR template and comparing the cycle threshold
(Ct) value of the IPC in each environmental sample compared to the Ct value of the IPC in a no template control
(NTC) within a qPCR assay. A Ct shift greater than two standard deviations from the mean of the NTC + IPC
controls was determined to be indicative of the presence of PCR inhibitors. None of the samples were inhibited by
this metric. Extracts were then quantified with ddPCR using the regionally species‐specific assay designed to
detect the target species, Atlantic bottlenose dolphin (Tursiops truncatus). The assay was deemed regionally
species‐specific during testing and development because it was found to amplify a few off‐target dolphins and
cetaceans that are closely related to T. Tursiops but are not found in Puget Sound. The results of sensitivity and
specificity testing and thermocycling parameters can be found by Xiong et al. (2025), and the final primer and
probe sequences are in Supporting Information S1. The QX200 Droplet Digital PCR System (Bio‐Rad) was used
to generate droplets, amplify eDNA, and read droplets. All samples were run with ∼40,000 droplets per sample
across two plates that each included both positive and negative controls. See the Supplemental Information for
amplification conditions and post‐processing of ddPCR data. Units for reported values are copies of eDNA per
mL of filtered seawater.

2.2.3. Dolphin Abundance

Individual dolphins were moved into and out of the pen for husbandry activities during the experiment so that the
number of dolphins occupying the netted enclosure varied over time. The number of dolphins occupying the
enclosure was reported as a whole number (from 0 to 3) at a single timepoint hourly. This reporting does not
reflect variations in occupancy during the hour. To match up with the ESP sampling schedule, the dolphin oc-
cupancy report was processed into minute increments such that dolphin occupancy was constant for 60 one‐
minute intervals then changed as a step function to the next value. The relevant reported dolphin occupancy,
Nt, was calculated as the mean reported dolphin occupancy during the 37 min of active filtering associated with
each eDNA sample with observed eDNA concentration yt.

2.2.4. Conceptual Box Model

Production and loss were characterized by fitting a hierarchical Bayesian state‐space model to the eDNA time
series observed near the netted enclosure. Hierarchical models layer an underlying process model within an
observation model to account for expected observation stochasticity in the data. The laboratory ddPCR con-
centration estimates were used in the Bayesian model as the observed eDNA concentration, yt. Observations were
expected to be log‐normally distributed around the mean true concentration of eDNA in the water, μt, with
variance, σ2,

yt ∼ Lognormal(μt,σ2) (1)

Note the σ2 of the log‐normal distribution is related to the coefficient of variance of the normal distribution, θ,
by σ2 = log(1 + θ2).

The process model determining the expected eD NA concentration at time t, μt, was specified as a function of the
fraction of persisting eDNA from the previous sample, μt− 1, plus newly produced eDNA, which were not lost to
biological or physical loss mechanisms. We tested different mathematical models for Loss and Production
(Table 1), but all process models had the same conceptual form (written in a finite difference approximation to
highlight the sampling period length):

μt = (1 − ΔtLosst− 1)μt− 1 + ΔtProductiont− 1 (2)

where Δt is the length of time between data points. The units of μt and μt− 1 are DNA copies mL− 1 filtered
seawater. In Equation 2, Loss and Production are not variables calculated directly but conceptual placeholders for
different models, which could be time‐varying or constant. However, the units of the Loss and Production models
are set by the conceptual model. The Loss model has units of hr− 1, and the Production model has units of DNA
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copies mL− 1 hr− 1. The Loss model was fit functionally as an autoregressive model using variations on a unitless
parameter, α = 1 − ΔtLoss. This is described in more detail below, and units are summarized in Table 2.

We compared models with various formulations for Production and Loss (Table 1), where parameters given in
Table 1 substitute for the terms “Production” and “Loss” in Equation 2. Models that included variability in both
Production and Loss were tested but are not shown here because they performed slightly worse than models that
varied Production alone. eDNA production was modeled three ways. The first model assumed constant pro-
duction of eDNA, ΔtProduction = β (M1 Constant Production and Loss). The next model assumed that eDNA
production scaled linearly with dolphin abundance Ntβ (M2 Linear dolphin). We also investigated whether eDNA
production scaled exponentially with dolphin abundance, βeψNt , where ψ is a fitted parameter describing how
much production rate accelerates with dolphin abundance (M3 Exponential dolphin). Finally, we tested a mixed‐
state model where a linear eDNA production rate per dolphin could change in a simple and restricted way by
alternating between two values, a lower background production rate, and an episodically elevated production rate
(M4 Mixed‐state dolphin). The mixed‐state model is presumed to capture defecation or other unobserved bio-
logical processes which could stochastically increase eDNA concentrations. Mixed‐state model Production was
modeled,

Table 1
List of Production and Loss Process Models Used to Evaluate Time Variation in High Frequency Dolphin eDNA Time Series, the Median Fitted Values of Model
Parameters (μinit , and the First Model Data Point

Model name 1 − Δt loss Δt production μinit θ α β ψ ϕ p γ WAIC

M1 Constant Production and Loss α β 46.1 6.4 0.00836 1,170 ‐ ‐ ‐ ‐ 358

M2 Linear dolphin α Ntβ 5.69 2.89 0.642 3.38 ‐ ‐ ‐ ‐ 354

M3 Exponential dolphin α βeψNt 8.37 2.89 0.299 4.04 0.46 ‐ ‐ ‐ 356

M4 Mixed‐state dolphin α Ntβ(1 + ztϕ) 5.5 1.41 0.334 1.34 ‐ 94.6 0.161 ‐ 316

M5 Tidal loss α + γ SSHt − SSHt − 1
H+ SSHt β 8.41 2.97 0.277 6.54 ‐ ‐ ‐ 0.0238 356

M6 Random loss αt β 7.77 2.77 0.307–0.741 5.05 ‐ ‐ ‐ ‐ 354

Note. θ, the model CV; α, the eDNA persistence fraction (constant except for last two models, then it is time‐varying); β, the background or constant eDNA production
rate; Nt , the number of dolphins occupying the enclosure; ψ , the rate that shedding increases with additional dolphins in the exponential dolphin model; ϕ, the scale of
increase during elevated shedding events; and γ, the scale of the tidal effect), and WAIC, a model selection criteria. For WAIC, lower is better. Units are in Table 2.
Confidence intervals and other statistics for fitted parameters in Table S2 in Supporting Information S1. These values were calculated using a 70 min time step.

Table 2
Glossary of Variables

Variable Description Units Type Prior distribution

y Observed eDNA concentration copies mL− 1 External data ‐

μ Unobserved mean eDNA concentration copies mL− 1 Modeled variable ‐

μinit Initial value of μ copies mL− 1 Fit constant Uniform (1, 10,000)

θ CV of log‐normal observation model (None) Fit constant Normal (0.025, 1) (Lower limit 0)

α eDNA persistence fraction (1 − Δt Loss) time− 1 Fit constant Uniform (0, 1)

β eDNA production term (Δt Production) copies mL− 1
[M1, M3, M5, M6], copies
mL− 1 dolphin− 1 [M2, M4]

Fit constant Uniform (1, 10,000)

ψ Exponential model scale dolphin− 1 Fit constant Uniform (0.001, 10)

ϕ Scale of β during elevated shedding state (None) Fit constant Lognormal (5, 5) (Lower limit 10)

p Scale of probability of elevated shedding state dolphin− 1 Fit constant 1
mathrmmax(N) Beta(5,5)

γ Scale of tidal effect term (None) Fit constant Normal (0,10)

Δt Model time step Time External data ‐

z Binomial state variable (0 or 1) (None) Modeled variable ‐
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ΔtProductiont = Ntβ(1 + ztϕ),

zt ∼ Binomial(1,pNt).
(3)

Here, zt was either 0 or 1, such that when zt = 0 the production model is the same as M2 Linear Dolphin model,
and when zt = 1, the production model is increased by a fitted scale, ϕ. This indicates whether excess eDNA
production (e.g., defecation) occurred during sampling period t. The probability that any sampling period would
be in a high‐production state was pNt increasing linearly with Nt at a fitted scale p. The mixed‐state model is a
novel way of mathematically conceptualizing eDNA production, but it is consistent with previous models which
used two size classes of eDNA particles (Allan et al., 2021) and observations that genetic material is intermittently
aggregated (Yates et al., 2023).

We tested models of Loss as constant (1 − ΔtLoss = α) (Models M1‐M4) as a constant plus a time‐varying tidal
component, α + γ SSHt − SSHt − 1

H+ SSHt
(M5 Tidal loss), or with loss allowed to vary randomly to account for stochastic

loss mechanisms which are difficult to model (M6 Random loss). Since Hood Canal tides form a standing wave,
sea surface height perturbation from mean lowest low water level (SSH) was used as a proxy for eDNA loss to
tidal current effects (Mofjeld & Larsen, 1984). SSH ranged from 0 to 3.0 m above mean lowest low water during
this time period. SSH was downloaded from the NOAA Bangor station tide gauge (Station ID 9445133, tide-
sandcurrents.noaa.gov). The depth of water at the dolphin pen, H0 = 10 m, is added to SSH to get the full water
column depth. For comparison, tidal currents in Hood Canal during our study period peaked at 0.5 ms− 1.

We used the R package ‘NIMBLE’ to fit each model and estimate the parameters of interest (de Valpine
et al., 2017, 2024b, 2024a). Priors for the fitted parameters are summarized in Table 2 with explanations for priors
Text S3 in Supporting Information S1. On the whole, our priors were weakly informed or flat. We used a Markov
Chain Monte Carlo (MCMC) sampler with 1,000,000 iterations along four chains. We used the Gelman‐Rubin
diagnostic (Gelman & Rubin, 1992) to evaluate model convergence. The explanatory power of these process
models was compared using Watanabe‐Akaike Information Criteria (WAIC), which is a quantitative model
selection tool with lower numbers indicating better model performance (Watanabe, 2013).

The box model is fit with Δt = 70 min, the time between ESP data points. To compare with results in Part 2 and
previous studies which report hourly rates, we converted Production and Loss formulas using Δt. Using the
constant loss model as an example, the model‐derived α using the 70‐min time step was converted to conceptual
hourly loss rate using the formula,

Loss = (1 − α)
1

70min

Loss = (1 − α)
60min
70min

1
1hr

(4)

2.3. Part 2: Estimating Contributions to eDNA Loss

Observations in the time series described above allowed us to estimate a total rate of eDNA loss but did not
distinguish between loss due to biological degradation versus oceanic transport and diffusion. To estimate loss
due to biological degradation in isolation, we performed an eDNA decay experiment. Then, to investigate the
effects of environmental transport and diffusion, we collected samples at four locations along a transect away
from the pen where eDNAwould only be present after being exposed to biological degradation and advection and
diffusion by currents. We modeled the effects of advection and diffusion at the transect sampling locations using a
particle tracking model forced with the flow fields from a high‐resolution hydrodynamic ocean model described
further below.

2.3.1. eDNA Decay Experiment

The rate of biological decay of Atlantic bottlenose dolphin eDNA from the surface waters in Hood Canal in winter
was estimated by removing approximately 25 L carboy of water from inside the netted enclosure at the time of the
ESP deployment and subsequently analyzing subsamples of water over time. The carboy was then transported
back to the University of Washington campus in Seattle, WA, 33 km away from the field study site and kept
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outside subject to similar weather. The carboy was stored closed. Ambient atmospheric temperatures averaged 7°
C during the decay experiment. Three 1 L replicates of water were subsampled and filtered over a 5 μm pore size
MCE filter at 0, 2, 4, 6, 17.5, 24, 48, and 120 hr after water collection. Water was homogenized by shaking and
stirring the carboy before subsampling and filtering. The filters were preserved in Longmire's buffer until eDNA
extraction within 2 weeks of filtration. We extracted eDNA from the filters using a phenol‐chloroform‐isoamyl
alcohol isolation following Ramón‐Laca et al. (2021), and dolphin eDNA was amplified by qPCR in triplicate
using the regionally species‐specific Tursiops truncatus assay. We tested for inhibition and results indicated that
all samples were uninhibited. Nine eDNA concentration estimates were produced per time point, comprising the
three technical replicates of each of the three biological replicates. Decay was then modeled as a first‐order log‐
linear function of time to calculate the decay rate constant in units of hr− 1.

2.3.2. eDNA Transect Sample Collection and Processing

Using a small boat, we filtered triplicate 3 L samples of water at each of four locations: <10, 100, 300, and 600 m
away from the dolphin netted enclosure in a transect extending roughly north (blue circles in Figure 1b). These
transect samples were taken on 3 February 2023 between 12:50 and 13:15 PDT, approximately 48 hr after the last
ESP sample, collected via vacuum pump (Smith‐Root Citizen Science Sampler; Smith‐Root, Inc., USA) and were
filtered onto a self‐preserving MCE filter with 5 μm pore size. Filters were stored in the dark at room temperature
for a week until eDNA was extracted using a Zymo Quick‐DNAMiniprep Plus Kit, following the manufacturer's
protocols but scaling up the volumes to 2 ml of the first lysis BioFluid and Cell Buffer (which fully submerged the
filter). Each extract was then quantified using qPCR as described in the supplemental material. None of the
transect samples were found to be inhibited. Quantified eDNA concentrations for the three biological and three
technical replicates per filter were averaged to compare with the tracer model prediction, described next.

2.3.3. Ocean Model and Particle Tracking

Tomodel the rates of ocean advection and diffusion of eDNAmolecules, we compared the transect samples with a
tracer model of local flow pathways. The tracer model used the velocity flow field output from a regional ocean
model to simulate where particles bearing genetic material might end up if they were passively transported by
ocean currents. Similar tracer models have been used to predict marine eDNA distributions by Allan et al. (2021);
Fukaya et al. (2020); Kutti et al. (2020); Xiong et al. (2025). We used this tracer model first to assess whether our
observed eDNA concentrations from transect sampling were consistent with modeled ocean transport and
diffusion, and then to calculate transport and diffusion rates using the ages of particle tracers at the transect
sampling locations.

Local circulation was simulated using a three‐dimensional hydrodynamic model built using the Regional Ocean
Modeling System (ROMS (Shchepetkin & McWilliams, 2005),). The grid has 10‐m resolution in the area
immediately around the dolphin enclosure and 20‐m resolution extending across the channel (the same model
used by Xiong et al. (2025), more details in Supporting Information S1). Using the output of the high‐resolution
ocean model, we simulated transport of Atlantic bottlenose dolphin eDNA away from the netted enclosure by
marine currents using Tracker, a Lagrangian particle tracking software (Xiong & MacCready, 2024). The soft-
ware advects particles from their start location using hourly snapshots of flow fields from the ROMS model
output. Particles are advected using a 4th‐order Runge‐Kutta method with a 300‐s time step. Vertical mixing was
modeled using a modified random walk algorithm (Visser, 1997).

Ten thousand virtual particles were released hourly for four days (96 releases) leading up to the real‐world
transect sampling, at start locations evenly spaced along the sea surface within a 10 m by 10 m rectangle
centered on the coordinates of the dolphin netted enclosure. We assumed neutrally buoyant particles, neglecting
the effects of settling or floating of particles containing genetic material. Particles were nevertheless free to move
vertically due to vertical advection and mixing. Each particle represented a possible transport path by which
passive molecules bearing genetic material might travel. To compare with the eDNA concentrations observed in
the transect sampling, a particle concentration was calculated by counting the particles in the upper 2 m of water
within a 15‐m radius of each sampling location. The results were not sensitive to radius choice as long as the
radius was less than 75 m. The particle count was divided by the volume of the 2‐m deep, 15‐m radius cylinder
centered on the sampling location.
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3. Results
3.1. Part 1: Variability in eDNA Production and Loss

3.1.1. High Frequency Dolphin eDNA Observations

Dolphin eDNA concentrations adjacent to the netted enclosure varied substantially over the 48‐hr duration of
sampling (Figure 2), ranging from 0.5 to 1,218 copies mL− 1 of filtered seawater, with a mean of 56 copies mL− 1

and a median of 6 copies mL− 1. Observations of eDNA concentration were non‐normally distributed as illustrated
by the order‐of‐magnitude difference between the observed mean and the median. Rather, the time series was
characterized by a background eDNA concentration between 1 and 10 copies mL− 1 punctuated by time points
where concentrations peak above 20 copies mL− 1 (indicated by dashed line Figure 2). Four distinct peaks greater
than 20 copies mL− 1 were observed beginning at hours 16, 22, 33, and 43 (Figure 2). All peaks occurred when
dolphins were reported as present in the netted enclosure (bars overlapped by blue Figure 2). The average time
between peaks was 10 hours. Peaks persisted for multiple time steps. The two data points with the highest eDNA
concentrations were over 100 times greater than the preceding data point, then eDNA concentrations decreased by
90% steadily for the three samples following the initial peak in a sawtooth pattern (Figure 2).

3.1.2. Production and Loss Model Fitting and Comparison

We treated the observed variability in near‐hourly dolphin eDNA concentrations as a combination of variability in
production and loss processes along with observational stochasticity (Figure 3). Fitted parameter values will be
discussed here using the posterior median estimate (Table 1), and 95% upper and lower confidence intervals are
(Table S2 in Supporting Information S1). The drop off from the first time step in all models was a model edge
effect that comes from fitting μinit (Figure 3), which had an uninformitive prior and wide confidence intervals in
all models (Table S2 in Supporting Information S1).

The M4 Mixed‐state dolphin model had the lowest WAIC, indicating that it had the best predictive accuracy
relative to model complexity (Table 1). In M4, eDNA production alternated between β = 1.34 copies
mL− 1 dolphin− 1 produced in the 70 min sampling period during the low‐shedding state and β(1 + ϕ) = 127

Figure 2. Black bars are dolphin eDNA concentration in water samples taken outside netted enclosure by the Environmental
Sampling Processor (ESP). The ESP filtered 2,000 mL of water near‐hourly for 48 hr. Gaps between black bars illustrate
when the ESP was busy preserving samples and conducting cleaning routines and not actively sampling. Peaks discussed in
text are samples which exceeded 20 copies mL− 1 filtered seawater (black dashed line). Blue fill is reported dolphin
occupancy as an integer value over each hour.
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copies mL− 1 dolphin− 1 per sampling period during the high‐shedding state (Table 1). Therefore, DNA production
was about one hundred times greater in sampling periods characterized as elevated shedding states (see ϕ in
Table 1). The probability rate that a sampling period would be in high‐shedding state was p = 0.16 dolphin− 1

(note probability of elevated shedding state scaled with Nt in Equation 3). The persistence fraction of eDNA was
estimated as α = 0.33, indicating 67% of eDNA was lost across each 70 min sampling period. Although M4
performed best, the CV of the observation model, θ = 1.41, was greater than one and the credibility intervals
were wide (transparent shading in Figure 3). For comparison, the CV of the biological replicates taken nearest to
the pen during the transect sampling was 0.16. However, all other process models resulted in θ values at or greater
than 2 (Table 1). Therefore, the features of the M4 Mixed‐state dolphin model of eDNA production were able to
capture the high variability seen in this dolphin eDNA time series that the variable eDNA loss or simpler eDNA
production models could not.

The other process models performed less well. Observation variance alone (M1 Constant Production and Loss
model) could not explain the time‐variability in the data. Although eDNA shedding is often assumed to be linearly
or exponentially related to animal abundance, neither the M2 Linear dolphin model nor M3 Exponential dolphin
model performed well in this study. Time‐variation in loss given constant shedding could not reproduce the
dolphin eDNA trends either using tidal‐variation (M5 Tidal loss) or unrestricted variation (M6 Random loss).
Especially since M6 Random loss only performed marginally better than M1 Constant Production and Loss, the
eDNA production flexibility in the M4 Mixed‐state dolphin model remains the most likely explanation for the
variability in the time series.

An hourly loss rate of 0.57 hr− 1 was converted from the per‐sampling‐period loss rate in the M4 Mixed‐state
dolphin model by Equation 4. The 95% confidence interval on Loss range from 0.48 to 0.67 hr− 1.

Figure 3. Comparison of process models (summarized in Table 1). Black bars are observed eDNA concentrations in copies
mL− 1 of filtered seawater. In each plot, dashed lines represent the posterior median of the model‐predicted concentration of
eDNA. Top row model in dashed blue has neither production nor loss variability. Middle row models in dashed orange test
production variability. Bottom row models in dashed green test loss variability while having no production variability. Pale
shading indicates observation variance expected around model predictions.
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3.2. Part 2: Calculating Contributions to eDNA Loss

In the water sampled by the ESP, the best fitting model suggested 57% of eDNA was lost each hour to degra-
dation, advection, and diffusion. Below, we quantify the loss rates due to biological decay and physical transport
and diffusion to determine their relative significance.

3.2.1. Biological Decay Experiment

The decay experiment examined the loss of dolphin eDNA concentrations due to biological degradation by
isolating dolphin water from the environment. Dolphin eDNA concentration decreased from its initial value at an
exponential decay rate of 0.020 hr− 1 with a 95% confidence interval of 0.021–0.18 hr− 1 (Figure S1 in Supporting
Information S1). This is consistent with reported ranges for marine waters at 7° C (Lamb et al., 2022).

3.2.2. Physical Transport and Diffusion

The transect samples demonstrate an overall decrease in eDNA concentration with increasing distance from the
source animals after being transported by ocean currents. As expected, being further from the animals, transect
samples had eDNA concentrations far lower than those in the ESP samples adjacent to the netted enclosure. The
highest estimated eDNA concentrations in transect samples among technical replicates was 2.74 copies mL− 1,
which was from the sampling station located nearest to the dolphin enclosures. eDNA concentrations generally
decreased with distance. The mean observed eDNA concentrations increased slightly from 100 to 300 m as well
as the variability across the biological replicates. At the farthest sampling station (600 m away; northernmost blue
circle in Figure 1b), all technical replicates quantified eDNA concentrations to be <0.1 copies μL− 1 and in each
biological replicate, one in three technical replicates did not amplify any dolphin eDNA. These data points were
treated as zeroes when taking a mean. Using a linear regression of the log of the mean of technical and biological
replicates at the sampling stations, we found eDNA concentrations decreased exponentially with distance at a rate
of 0.01 copies mL− 1m− 1 (Figure 4a; blue line).

To convert this spatial loss rate to a temporal loss rate, we used the tracer model. The particle concentrations
decreased with distance at a rate of 0.009 particles m− 3 (Figure 4a; yellow line). Assuming particle concentrations
m− 3 distribute similarly to eDNA and form a probability density map, particle concentrations are expected to be
proportional to eDNAconcentrations in copiesmL− 1.Model predictionswere overall consistentwith observations.
A linear regression between the particle and mean eDNA concentrations at the sampling stations had a R2 = 0.99,
and a linear regression of the log of particle and eDNA concentrations had a R2 = 0.63. Particle concentrations
decreased in space and time at a rate the same order of magnitude as eDNA concentrations, although particle
concentrations were proportionally higher at the farthest 600 m sampling location than the middle two sampling
locations. The difference between the slopes in Figure 4a (indicating exponential spatial decrease rates) of particle
and eDNA concentrations was only 10%, with observed eDNA decreasing slightly more rapidly.

Conversion from spatial to temporal loss rates was done using the average age of particles at the sampling location
(Figure 4b). Mean age did not increase monotonically with distance because particles took nonlinear paths from
release to their location at time of sampling. The mean particle age at the 600 m sampling location was younger
than the 300 m sampling location. We used the age estimates from the particles at the sampling stations to convert
spatial loss rate to temporal loss rate, acknowledging uncertainty in the particle statistics at the furthest sampling
station. The decrease in particle concentration as a function of mean particle age was 0.45 hr− 1, which is our
estimate for rate of eDNA loss due to environmental transport and diffusion (slope of orange line in Figure 4). The
transport and diffusion loss rate estimate is an order of magnitude larger than the biological degradation rate of
0.02 hr− 1 estimated in the laboratory decay experiment and much closer to the eDNA loss rate of 0.57 hr− 1

estimated by the box model using the ESP time series in Part 1.

4. Discussion
Hourly variability in marine eDNA concentrations has been reported in field studies of fish metabarcoding
(Jensen et al., 2022) and striped jack qPCR (Murakami et al., 2019) but without a mechanistic analysis of its
causes. Here, we have used a set of observations from field, lab, and modeling studies to identify the likely roles of
production, loss, and stochastic processes to explain variability of eDNA concentrations over space and time.
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Importantly, we find that (a) eDNA production varies over time and is well captured by the two‐state model we
employ here, (b) most—approximately 57%—of the target species' eDNA was lost each hour, (c) biological
degradation explains only a small fraction of this loss, such that (d) oceanographic transport and diffusion likely
explain most of the apparent eDNA loss in this marine system. Although the magnitudes of these processes will
vary with the contextual details of any given eDNA study, this work establishes an important framework for
understanding variability of eDNA concentrations over space and time more generally.

4.1. Primary Driver of Near‐Hourly Variability in eDNA: Observation, Loss, or Production?

We wanted to explain the variability across these samples using a model with observation variability, loss
variability, and production variability. The model evaluation criteria support eDNA production variability as the
most likely explanation. Below, we discuss further evidence that observation stochasticity or loss variability could
not account for the data peaks, and the possible nature of intermittent peaks in eDNA shedding.

Figure 4. (a) Observed dolphin eDNA concentrations from transect sampling (blue circles, solid/outlined are means and
transparent are individual replicates, left y‐axis) compared with expected concentration of material distributed from netted
dolphin enclosure by ocean processes using particles and a hydrodynamic model (orange stars, right y‐axis) as a function of
distance from netted dolphin enclosure. Modeled expectations were estimated using particle concentrations in upper 2 m and
within 15 m radius of sampling locations from tracer model. Slopes of log‐linear fits (dashed lines) demonstrate similarity in
the magnitude of concentration loss across all sampling stations between observations and model. Inset shows map of
sampling locations (blue circles) and surface particle distribution (heatmap) at time of sampling (3 February 2023 at 21:12:00
UTC). (b) Ages of particles at transect sampling location. Orange stars are individual particles, and box plots summarize
particle age median (thick line) and quartiles. Box plot whiskers extend from minimum to maximum. (c) Decrease in eDNA
concentration over time due to environmental transport and diffusion estimated from hydrodynamic model (orange stars and
dashed line), biological degradation estimated from the decay experiment (gray dashed line), and all mechanisms estimated
from the box model in Part 1 (black solid line).
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Observation variability would be the primary driver of variability if eDNA production and loss were essentially
constant but distributed heterogeneously through the sampling environment as in Yates et al. (2023). This could
occur if the size distribution of particles bearing genetic material was skewed but consistent in time. Variance in
particle size distribution of genetic material is not well understood. Cells may begin as clumps or form clumps
over time through aggregation/flocculation (Yates et al., 2023). Environmental DNA clumps will break down into
smaller pieces over timescales that have not been observed and are likely highly variable but are assumed to be on
the order of a few hours based on fecal pellet literature (Allan et al., 2021). Thus, fresh eDNA clumps may appear
to have lower mean abundance with higher variability than older, dis‐aggregated genetic material (Brandão‐Dias
et al., 2023). The breakdown of genetic material into smaller and more homogeneously distributed particles over
time is an alternative mechanical explanation to the eDNA‐plume schematic proposed in some riverine eDNA
literature (Augustine et al., 2024; Wood et al., 2021). However, the conceptual model with constant eDNA
production and loss did not explain our data well. The sawtooth shape of the peaks suggests that abnormally high
observations do not occur independently. Rather, samples with high eDNA concentrations co‐occur with elevated
concentrations in subsequent samples, more likely reflecting time‐variation in ambient eDNA concentrations.
Together with the low statistical support for models without variability in production or loss, observation vari-
ability can be ruled out as the primary driver of the temporal variability seen in these data.

Loss of eDNA between data points was significant in the process models of ESP data, but time‐variability of loss
rates is unlikely to explain the peaks in the time series. Loss variability could in theory be explained by slowed
degradation of genetic material or reduced transport and flushing of the sampled water. However, the process
model of loss variation with a tidal effect term had poor model performance, and tidal currents generally vary
smoothly which would not produce the peak pattern seen in the ESP time series. This difference in the importance
of tidal transport in the two sampling campaigns was very likely because the ESP was sheltered from currents by
the concrete pier, illustrating the importance of oceanographic context in interpreting eDNA results. Losses via
eDNA degradation could also vary, as degradation rate is known to change with temperature (Allan et al., 2020;
McCartin et al., 2022). However, temperature changes are unlikely to explain eDNA peaks because temperature
varies smoothly following a day/night cycle by a range around 5°C. Over that temperature range, decay rates in
literature may change by up to a factor of 2 (Allan et al., 2020) but not enough to account for the hundred‐fold
magnitude in observed eDNA seen in the peaks.

Production variability would be the primary driver of variability if eDNA concentration fluctuations were due to
variation in dolphin abundance or variation in amount of eDNA shed per individual dolphin. Although eDNA
concentration has been correlated with fish abundance in shedding studies (Jo & Yamanaka, 2022), eDNA
concentration here could not be explained by reported dolphin number alone (even allowing for uncertainty in
reported dolphin number) because of the large peaks in the data. Variation in eDNA shedding per individual has
not been well studied, although intermittent increases in eDNA shedding during feeding and defecation was given
as a potential explanation for why striped jack eDNA concentrations did not decrease monotonically with distance
from animals by Murakami et al. (2019). A mixed‐state model where a background level of shedding is punc-
tuated by episodic large injections of eDNA is biologically sensible and capable of fitting the data. Dolphins were
fed fish in the netted enclosure as part of husbandry and fish consumption has a diuretic effect in Atlantic bot-
tlenose dolphins, increasing fecal and urinary output for 8–10 hr (Ridgway, 1972), and defecation rate is pre-
sumed to correlate with feeding events in cetaceans (Jaquet & Whitehead, 1999). The frequency and volume of
feeding during this study was not reported, and time until defecation following feeding is not known and assumed
highly variable. However, defecation remains a very plausible explanation for eDNA peaks. An additional
possible explanation is elevated skin cell sloughing. Bottlenose dolphins have high rates of skin cell sloughing in
order to maintain a hydrodynamically smooth surface equivalent to replacing their outermost epidermal layer
every 2 hours (Hicks et al., 1985). Elevated sloughing of skin cells likely occurs as dolphins interact physically
with one another and their surroundings. Defecation remains the strongest explanation for the eDNA production
peaks, but further investigation is warranted to determine the nature of large eDNA injections to better understand
whether they will persist coherently downstream of the source.

4.2. eDNA Loss: Biological Degradation or Physical Transport and Diffusion?

By comparing the loss rates estimated in Part 1 with biological decay and transport and diffusion rates from the
tracermodel, we conclude that losses in the high‐frequency dolphin eDNA time series are primarily due to physical
processes. In locations where transport and diffusion are less important, such as in lakes (Yates et al., 2023) or bays
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(Murakami et al., 2019), degradation may become relatively more important. Biological degradation may also be
more important for warmer temperatures and different target species. Allan et al. (2020) found biological decay
coefficients over 0.1hr− 1 for grass shrimp and moon jelly at around 20° C, which is large enough that degradation
could be the leading order loss term in low‐flow environments. For most marine and coastal applications, accurate
estimation of transport and diffusion will be necessary for predicting eDNA abundance.

5. Conclusions
Environmental DNA is a powerful tool for monitoring and detecting occupancy for target species, but quantitative
mechanistic frameworks for understanding observed eDNA abundances are hard to develop and validate. With a
unique sampling opportunity around a managed population of non‐native dolphins and a hydrodynamic ocean
model, we were able to parse variability in eDNA production and biological and physical losses in Atlantic
bottlenose dolphin eDNA concentration. Dolphin eDNA concentrations were highly variable across 70‐min
measurements. This variability may be a general result, but it will be especially true for marine mammals and
other rare targets. The high frequency dolphin eDNA concentration time series was not linearly proportional to the
reported number of dolphins in a netted enclosure next to the sampling site. Rather, the high frequency eDNA
time series was characterized by sawtooth‐shaped peaks, which suggest that eDNA production occurs as a mixed‐
state model which has background levels and episodic large eDNA injections. Every peak occurred at a time step
when at least one dolphin was reported to be occupying the netted enclosure nearby the instrument. Further study
is warranted on nature of these peaks in eDNA production to determine whether they result from biological
processes that are generalizable to other species (like defecation) and whether peaks continue to characterize
eDNA time series downstream. From fitting a loss rate in the high frequency time series, we found that, on
average, 57% of eDNA was lost each hour. In comparing a biological degradation study against a tracer model of
physical transport and diffusion, we determined that biological loss alone is insufficient to account for observed
loss, and physical processes account for most of the loss. Although exact production and loss rates will be site
specific and vary in time, these findings emphasize the importance of understanding eDNA production and loss
mechanisms for quantitatively predicting and interpreting eDNA concentrations.

Data Availability Statement
The ESP, dolphin occupancy, and tide data and RNIMBLEmodel codes used for Part 1 are archived and available
at https://zenodo.org/doi/10.5281/zenodo.12735445.
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